Every nucleosome across the genome must be disrupted and reformed when the replication fork passes, but how chromatin organization is re-established following replication is unknown. To address this problem, we have developed Mapping In vivo Nascent Chromatin with EdU and sequencing (MINCE-seq) to characterize the genome-wide location of nucleosomes and other chromatin proteins behind replication forks at high temporal and spatial resolution. We find that the characteristic chromatin landscape at Drosophila promoters and enhancers is lost upon replication. The most conspicuous changes are at promoters that have high levels of RNA polymerase II (RNAPII) stalling and DNA accessibility and show specific enrichment for the BRM remodeler. Enhancer chromatin is also disrupted during replication, suggesting a role for transcription factor (TF) competition in nucleosome re-establishment. Thus, the characteristic nucleosome landscape emerges from a uniformly packaged genome by the action of TFs, RNAPII, and remodelers minutes after replication fork passage.
INTRODUCTION
The passage of the replication fork disrupts nucleosomes and DNA-binding proteins. Various classes of chromatin regulators, including remodelers, chaperones, and modifying enzymes, have evolved to re-establish chromatin states after replication (MacAlpine and Almouzni, 2013; Ramachandran and Henikoff, 2015; Whitehouse and Smith, 2013) . However, the cascade of events that establish the chromatin landscape is not known (Narlikar et al., 2013) . Hence, mapping chromatin features immediately after the replication fork passes may provide insight into the processes that result in the characteristic chromatin landscape.
The importance of proper chromatin structure is underscored by the observation that many defects in replication-coupled chromatin assembly and maturation are lethal (Anderson et al., 2011; Klapholz et al., 2009; Moshkin et al., 2002) . Disruption of chromatin assembly by reducing histone levels or by depleting assembly associated histone chaperones Caf1 and Asf1 inhibits replication fork movement (Groth et al., 2007; Hoek and Stillman, 2003) , increases susceptibility to DNA damage (Clemente-Ruiz et al., 2011; Prado et al., 2004) and, at least in Drosophila embryos, triggers a G2/M checkpoint and subsequent lethality (Gü nesdogan et al., 2014) . Both a histone H3 mutation that affects replication-coupled nucleosome assembly and the depletion of Caf1 alter neuronal development in C. elegans (Nakano et al., 2011) .
The potential to reveal the determinants of the chromatin landscape motivate the mapping of the newly replicated and the maturing epigenome. Previous work has shown that well-positioned nucleosomes are deposited in the same position postreplication (Lucchini et al., 2001) , leading to the assumption that nucleosome-depleted regions remain accessible for rapid re-binding of transcription factors (TFs) (Whitehouse and Smith, 2013) . However, the generality of this observation has not been determined (Kaufman and Rando, 2010) .
Genome-wide mapping of nucleosome assembly and chromatin maturation remains an outstanding challenge in the field of epigenome dynamics (Narlikar et al., 2013; Whitehouse and Smith, 2013) . Current methods to map newly replicated DNA by labeling with nucleotide analogs are limited to the resolution of kilobases. This limitation precludes the mapping of nucleosomes, which requires resolution on the order of 10 bp. Furthermore, current methods require either cell sorting, which does not generally provide enough material for routine epigenome mapping, or cell-cycle synchronization, which can be technically challenging and not applicable to all cell lines and organisms. Mapping the newly replicated epigenome is further complicated by the high speed of the replication fork, measured at 2-4 kb/min (Blumenthal et al., 1974) , necessitating labeling times of minutes to track events that occur within a few kilobases of replication fork passage.
To circumvent these issues and to map the newly replicated epigenome at base-pair resolution, we have developed a method, Mapping In vivo Nascent Chromatin with EdU and sequencing (MINCE-seq). In MINCE-seq, newly replicated DNA is labeled with the nucleotide analog ethynyl deoxyuridine (EdU) (Salic and Mitchison, 2008) , which is coupled with biotin ex vivo using click chemistry (Sirbu et al., 2011) . Coupling with biotin ensures highly specific purification of newly replicated DNA from asynchronous cells, even if it is only a fraction of a percentage of total DNA. Micrococcal nuclease (MNase) treatment recovers DNA fragments bound both by nucleosomes and by non-histone DNA-binding proteins, which enables the mapping of newly replicated chromatin at near base-pair resolution . We find that the newly replicated chromatin landscape differs from the average landscape at active promoters and enhancers genome-wide. The functional features of promoters and enhancers correlate with the change in the chromatin landscape that replication brings about, which, in turn, reveals mechanisms that establish the characteristic chromatin landscapes at these genomic landmarks.
RESULTS

MINCE-Seq Delineates Chromatin Maturation
EdU has been used to visualize replication forks (Salic and Mitchison, 2008) and to isolate and identify proteins involved with newly replicated chromatin (Leung et al., 2013; Sirbu et al., 2011) . Nucleosomes assemble rapidly behind a replication fork (McKnight and Miller, 1977) , and the speed of the fork implies that the replication-coupled assembly machinery is associated with a given region of DNA for only a very short window of time. To capture the nucleosome landscape specifically set up by replication-coupled assembly, we first determined the shortest EdU labeling time that would lead to detectable newly replicated DNA in our chromatin preparation. In Drosophila S2 cells, we found that EdU that was tagged with biotin was undetectable after 5 min of labeling but robustly detected after just 10 min of labeling ( Figure 1A ), which would result in labeling of at most 10-20 kb of newly replicated DNA behind each replication fork. Despite being a small fraction of total DNA, EdU pulse-labeled DNA is highly enriched by streptavidin pull-down, as indicated by using a spike-in control, which showed only very low levels of contaminating unlabeled DNA ( Figure S1 ).
We performed replicate incorporations of (1) a 10-min pulse of EdU and (2) a 10-min pulse of EdU followed by a 1-hr chase with thymidine. After 10 min of labeling with EdU, we crosslinked and permeabilized cells and then performed a ''click'' reaction to attach biotin tags to newly replicated DNA. We then treated chromatin with Micrococcal nuclease (MNase) followed by DNA isolation. Biotin-tagged DNA was then isolated using streptavidin beads ( Figure 1B ). The input DNA and the DNA pulled down using streptavidin beads were sequenced with a library protocol that captures all fragments from 25 to 500 bp , enabling characterization of MNase protected fragments representing not only nucleosomes but also non-histone DNA-binding proteins. To verify that MINCE-seq was mapping newly replicated chromatin, we examined origin recognition (C) Nucleosome profiles of steady state, newly replicated, and 1 hr post-replication plotted as heatmaps (top) and average plots (bottom) around ORC nucleosome-depleted regions (NDRs; n = 4230). NDRs were computationally identified around published ORC sites, and the center of the NDR was used as the reference point for plotting nucleosome profiles. All profiles are averages over a 50-bp sliding window. See also Figure S1 and Table S1. complex (ORC) binding sites, which have been mapped by the modENCODE project for S2 cells (Lubelsky et al., 2014) . ORC binds during the G1 phase of the cell cycle in metazoans, after which the origins are licensed (Asano and Wharton, 1999; Bell and Dutta, 2002) to be replicated in the S-phase. Because hallmarks of ORC binding are nucleosome depletion and high turnover (Deal et al., 2010; MacAlpine et al., 2010) , we can monitor the status of ORC sites after replication. In our input nucleosome maps, we observed a nucleosome depleted region (NDR) around ORC sites ( Figure 1C , left) as expected from published results. In our MINCE-seq map, we observed dramatically higher nucleosome occupancy around ORC sites immediately after replication ( Figure 1C, center) . The nucleosome depletion around ORC sites was partially regained after a 1-hr chase, indicating that the maturation of chromatin creates a landscape amenable to ORC binding later ( Figure 1C , right). Our data suggest that replication-coupled nucleosome assembly resets the chromatin landscape of ORC sites. Thus, in contrast to previous observations (Lucchini et al., 2001) , we find the newly replicated chromatin landscape to be distinct from the average landscape. We conclude that MINCE-seq is able to capture transient molecular events happening just behind the replication fork at replication origins.
Replication Resets the Promoter Nucleosome Landscape
We next examined the newly replicated nucleosome landscape at promoters. Promoters of expressed genes have a characteristic nucleosome landscape: a nucleosome-depleted region (NDR, Figure S2A , left) is flanked by the genic nucleosome array, starting with the +1 nucleosome position, and the upstream nucleosome array, starting with the À1 nucleosome position (Yuan et al., 2005) . The transcription preinitiation complex (PIC) forms at the NDR, and elongating RNAPII stalls predominantly at the entry site of the +1 nucleosome position (Weber et al., 2014) . In our input MNase-seq dataset, we observed a peak of <50-bp protected fragments at the NDRs of expressed genes ( Figure S2B, left) , whereas, at non-expressed genes, the NDR, the nucleosome array, and the peak of <50-bp particles were absent (Figures S2A and S2B, right) , as seen previously (Teves and Henikoff, 2011; Weber et al., 2010) .
To confirm that the 147-bp protected fragments represent nucleosomes, we compared nucleosome profiles from an input MINCE-seq dataset to those obtained by H2A.Z chromatin immunoprecipitation sequencing (ChIP-seq) (Weber et al., 2014) . We saw clear concordance of nucleosome positions ( Figure S2C ). Likewise, to confirm that the <50-bp protected fragments represent transcription factors (TFs), we plotted enrichment of <50-bp protection at the well-established binding site of GAGA factor (GAF) at the Hsp70bB promoter. We observed a clear peak over the known GAGA factor binding site ( Figure S2D ). We also observed peaks of <50-bp fragments from the MINCE-seq input dataset at GAF binding sites genomewide (Orsi et al., 2014) (Figure S2E ). These comparisons to published data indicate that the $147-bp fragments and the <50-bp fragments predominantly represent nucleosomes and TFs, respectively, as has been observed in previous studies (Carone et al., 2014; Teves and Henikoff, 2011; Weber et al., 2010) . This enables us to track nucleosome and TF profiles simultaneously in the same experimental dataset.
A nucleosome might be reassembled at the same position, or it might be reassembled at a different position and then translocated to its average steady-state position when chromatin matures. In newly replicated chromatin, we observed a higher signal at the NDR and a lower signal at ±1 positions, which indicates that, after replication, nucleosomes fill NDRs in patterns distinct from their average positions (Figures 2A, 2B , and S3A). Furthermore, we observed weaker upstream and downstream nucleosome arrays in newly replicated DNA. In contrast to the nucleosome gain at the NDR just after replication, we observed a conspicuous decrease in the <50-bp protection at the NDR, indicating loss of DNA-binding proteins and the PIC ( Figure 2C ). An hour after replication, the nucleosome landscape resembles the steady-state landscape with a clear NDR and strong +1 and À1 nucleosomes, indicating that the nucleosome gain at the NDR after replication is a dynamic process. The relative nucleosome gain at the NDR and loss at ±1 positions were also clearly observed when we plotted the difference heatmap of newly replicated compared to steady-state chromatin (Figure S3B) . Nucleosome gains at the NDR and losses at ±1 positions were also evident when we quantified MINCE-seq and input datasets for each gene and generated distributions at the NDR, +1, and À1 positions ( Figures S3C-S3F ).
To rule out the possibility that nucleosome gains at NDRs are due to differential EdU labeling, we performed long-term EdU labeling. We found no significant differences in the nucleosome and TF landscapes compared to steady-state (input) data, indicating that EdU labeling is uniform and that the changes in the chromatin landscape we observed during short-term labeling are due to dynamics of chromatin assembly and maturation (Figure 2D) . The similarity between long-term labeling nucleosome and TF occupancy profiles and input profiles also implies that EdU incorporation does not affect nucleosome or TF sensitivity to MNase digestion. To directly exclude this possibility, we performed MINCE-seq on aliquots of the same starting material treated with three different MNase concentrations over an 8-fold range ( Figure S3G ). We observed nucleosome gain at promoters for newly replicated DNA at all MNase concentrations (Figures 2E and S3H) . With increasing MNase concentration, we observed lower signal at NDRs and upstream regions relative to genic regions for both newly replicated and steady-state chromatin, as expected (Weiner et al., 2010) . Furthermore, the rate of loss of signal at NDRs is similar for both newly replicated chromatin and steady-state chromatin ( Figure 2E ), implying that, at the concentrations we use, the MNase sensitivity of EdU-labeled chromatin is similar to that of bulk chromatin. We conclude that the nucleosome gains we observe are not due to differential MNase sensitivity of EdU-labeled chromatin compared to bulk chromatin.
To confirm that the particles observed at NDRs behind the replication fork correspond to nucleosomes, we performed qPCR of tandem H3-MINCE ChIP at NDRs at an ORC binding site and at five promoters. These sites were chosen because they showed significant nucleosome gains after replication in our MINCE-seq datasets. We first labeled cells with EdU and performed a click reaction to couple biotin to EdU. We next performed H3-ChIP on soluble chromatin followed by DNA isolation. Isolated DNA was subjected to streptavidin pull-down. We estimated the enrichment of biotinylated DNA in tandem H3-ChIP-MINCE by qPCR. With this tandem H3-ChIP-MINCEqPCR protocol, we mapped newly replicated DNA that is specifically bound by histone H3. Using this protocol, we observed higher enrichment of nucleosomes at NDRs compared to a control +1 nucleosome, similar to bulk MINCE-qPCR ( Figure 2F ), confirming that the 147-bp particles we observed over NDRs behind the replication fork are nucleosomes. Thus, after replication, nucleosomes are assembled at promoters, displacing DNAbinding proteins. NDRs form again at the promoter during the maturation of newly assembled chromatin.
Cell-Type-Specific Transcription Differentiates Promoter Landscape Resetting during Replication
To ask whether resetting of the promoter landscape during replication is a general phenomenon, we performed MINCE-seq with BG3 cells, which are a cell type distinct from S2 cells: BG3 cells have been derived from the CNS of third-instar larvae, whereas S2 cells have been derived from embryos. Using MINCE-seq on BG3 cells, we observed nucleosome gains over NDRs upstream of +1 nucleosomes at expressed genes ( Figure S4A ), similar to what was observed in S2 cells. In addition to confirming results with S2 cells, MINCE-seq of BG3 cells provides profiles for a set of differentially expressed genes, where we can examine the resetting of nucleosome landscapes at promoters in a celltype-specific manner. To compare across the two cell types, we generated MINCE-seq difference profiles of relative nucleosome gain or loss for genes that are expressed in BG3 cells but not in S2 cells ( Figure 3A) , and for genes that are expressed in S2 cells but not in BG3 cells ( Figure 3B ). We observed nucleosome gains at NDRs only in the cell type where genes are expressed ( Figures 3A and 3B) . Hence, even with the same underlying sequence, promoter nucleosome resetting during replication reflects cell-type-specific transcription programs. In other words, starting from nucleosome-containing promoters after replication, maturation of promoter nucleosome landscapes reflects cell-type-specific expression patterns.
Nucleosome Assembly at Promoters Requires the Replication-Coupled Nucleosome Assembly Pathway
To ask whether nucleosome gain at promoters is due to replication-coupled nucleosome assembly, we knocked down the major subunit of the Caf1 complex, Caf1-105, achieving 90% protein reduction as quantified from immunoblotting ( Figure S4B ). The average nucleosome positioning around promoters is not altered by knockdown of Caf1-105, but nucleosome positions in newly replicated chromatin are dramatically affected (Figure 3C) . At expressed genes, we observed the NDR to become more nucleosome depleted in the Caf1-105 knockdown (Caf1-105-kd) compared to control, and the nucleosomes at the +1 position and downstream to increase in occupancy ( Figure S4C ). These results indicate that the nucleosome gains at promoters during replication that we observed are due to replicationcoupled nucleosome assembly. As the replication-coupled nucleosome assembly pathway acts genome-wide, the Caf1-105-kd should have an effect not only at expressed genes, but also at non-expressed genes. The nucleosome landscape of non-expressed promoters is featureless in both steady-state and newly replicated chromatin in the control ( Figure 3D , left). When Caf1-105 was knocked down, we observed broad NDR formation upstream of the transcription start sites (TSS) and increased nucleosome density downstream ( Figure 3D , middle). This shows that chromatin is dynamic even at inactive promoters during replication, even though no apparent change is observed between the steady-state and the newly replicated landscapes in control cells ( Figure 3D , left). These changes in the newly replicated chromatin landscape with reduction in Caf1 imply that the replication-coupled nucleosome assembly pathway is required to reset the chromatin landscape around both active and inactive promoters during replication.
Promoters with High RNAPII Enrichment Show the Largest Gains in Nucleosome Occupancy upon Replication
To understand the mechanisms behind establishment of the average nucleosome landscape starting from the newly replicated chromatin landscape, we devised a strategy to classify genes according to the patterns of successive changes in the nucleosome landscape upon replication. To identify genes with the largest changes in the nucleosome landscape upon replication, we assigned to each gene either nucleosome gain or nucleosome loss at its À1 and +1 positions and its NDR and looked for different patterns of nucleosome change at promoters (see Experimental Procedures). We observed distinct patterns of nucleosomes around promoters after replication ( Figure 4A ). The largest group (G1, n = 3,089) featured a nucleosome profile that is similar to the average MINCE-seq profile seen in Figure 1 , with losses at ±1 positions and gains at NDRs ( Figure 4B ). Group 2 (n = 149) featured NDRs that are more nucleosome depleted upon replication compared to input. Group 3 (n = 1,390) featured a significant increase in nucleosome occupancy at NDRs, with no significant changes in occupancy at ±1 positions. The newly Data are presented as mean ± SEM. See also Figure S2 and Table S2 . replicated nucleosome profile for group 3 showed a shift in the +1 position toward the NDR and broad nucleosome occupancy at NDRs. This group represents the largest increase in nucleosome occupancy at NDRs. Groups 4 (n = 98) and 6 (n = 121) featured a strong À1 position, while groups 5 (n = 106) and 7 (n = 143) featured a strong +1 position. Furthermore, in groups with the strongest changes at the +1 position post-replication, the gains and losses were dependent on Caf1 function.
To understand the functional differences between promoters grouped by their patterns of nucleosomes post-replication, we systematically analyzed which of the chromatin processes differentiated the promoter groups. We first analyzed the promoter enrichment of RNAPII transcription at steady state using 3 0 NT (Weber et al., 2014) , which produces a base-pair resolution map of elongating and stalled RNAPII. We plotted the enrichment of RNAPII at promoters compared to gene bodies for each of the promoter groups ( Figure 5A ). We observed that the groups that changed the most in nucleosome occupancy at NDRs upon replication, namely, groups 4, 5, and 3, featured the highest levels of RNAPII at promoters, whereas the groups with the smallest change in nucleosome occupancy at NDRs, groups 2, 6, 7, and 1, featured lower levels of RNAPII at promoters. Thus, highly active promoters showed the largest changes in nucleosome occupancy upon replication, while less active promoters featured only modest changes in nucleosome occupancy upon replication. Hierarchical ordering of the RNAPII enrichment profiles revealed that genes with the most RNAPII showed the greatest NDR nucleosome gains, and genes with the least RNAPII showed the least gains ( Figure 5A ).
Patterns of TF and Remodeler Binding at Promoters Correlate with Nucleosome Gains during Replication
To further investigate the promoter groups, we determined the levels of non-histone protein binding at steady state by using modENCODE DNase-I mapping datasets (Kharchenko et al., 2011) . DNase-I mapping broadly identifies nucleosome-depleted regions bound by transcription factors, and DNase-I enrichment can be used as a measure of global non-histone protein binding to DNA (Hesselberth et al., 2009 ). The DNase-seq enrichment of the promoter groups closely correlated with nucleosome gain at À1 positions and NDRs (Figures 5B and 5C ). This strongly suggests that TFs could be driving promoter nucleosome loss during chromatin maturation after replication.
Because many TFs are known to recruit remodelers, we asked whether remodelers are enriched at any of the promoter groups. We analyzed the profiles of the four major remodeler families in Drosophila: NURD, (P)BAP, INO80, and ISWI at the different promoter groups using data from published ChIP-chip experiments (Moshkin et al., 2012) . For each remodeler, we found peaks in $1,000 genes out of the $5,000 expressed genes in S2 cells. When we plotted the profiles of the remodelers over these enriched genes in each of the seven promoter groups, we observed similar profiles for NURD, INO80, and ISWI complexes ( Figures 6A-6C ). However, we observed that BRM-a component of (P)BAP complexes-is differentially distributed in the promoter groups ( Figure 6D ). Groups 4 and 6, which showed À1 nucleosome gains during replication, featured higher BRM levels upstream of the gene, whereas group 5, which showed nucleosome gains at the NDR and +1 position during replication, featured the highest BRM levels in the gene body at steady state. This correspondence between BRM and post-replication chromatin changes suggests that BRM action at groups 4, 5, and 6 transforms their newly replicated landscapes back to their steady-state nucleosome landscapes.
Replication Resets Cell-Type-Specific Enhancer Chromatin
We wondered whether the resetting of the chromatin landscape that we observed at promoters also occurs in other regions of the genome, such as enhancers. We analyzed input and MINCE-seq datasets around enhancers in S2 cells identified by STARR-seq, a genome-wide reporter screen for enhancers (Arnold et al., 2013) . We found that enhancers, unlike promoters, do not show uniform nucleosome depletion, but rather a majority of the enhancer sites were within 80 bp of the nearest nucleosome dyad position ( Figure 7A, left) . Regardless of the nucleosome position, we observed a striking enrichment of <50-bp protected fragments at enhancer sites ( Figure 7B, left) . The enrichment of <50-bp protection at enhancers strongly correlated with quartiles of enhancer strength as measured using STARR-seq (Figure 7C, left) . This correlation was observed both in enhancers specific to S2 cells and in broadly active enhancers that are active in multiple cell types ( Figures 7D, 7E , S5A, and S5B). However, no such correlation was observed for <50-bp protected fragments in S2 cells at enhancers specific to other cell types ( Figures S5C and S5D ). This cell-type-specific enrichment of <50-bp protected fragments at enhancers implies that these changes reflect the functional status of enhancer sites. Thus, our input maps suggest enhancers as sites of competition between TFs and nucleosomes, where the extent of protection by TFs correlates with functional enhancer strength.
We next used MINCE-seq to ask what happens to <50-bp protected fragments at enhancers during replication fork passage. We observed a conspicuous weakening of the enrichment of these fragments after replication, both in broadly active and S2-specific enhancers ( Figures 7B-7E, middle) . One hour post-replication, the broadly active enhancers strengthened significantly ( Figure S5E ), and we could observe ordering of enrichment according to quartiles of enhancer strength (Figure 7E, right) . However, cell-type-specific enhancers remained weak 1 hr post-replication ( Figure S5E ) and did not show any trend with respect to enhancer strength ( Figure 7D , right). Our data indicate that replication-coupled nucleosome assembly efficiently displaces TFs from enhancers. Broadly active enhancers recover TFs faster than cell-type-specific enhancers after replication, implying robust mechanisms for re-establishing the chromatin landscape of broadly active enhancers.
DISCUSSION
Eukaryotic replication occurs over the course of S-phase, during which multiple forks replicate different regions of the genome. Variation in origin firing between different cells in a population (Kaykov and Nurse, 2015) means that even perfectly synchronized cells will not be replicating the same regions of the genome simultaneously. Furthermore, the speed of the replication fork implies that a given nucleosome is replicated within a few seconds, and so the newly replicated chromatin landscape cannot be mapped at nucleosome resolution using cell-cycle synchronization or after capturing S-phase cells by fluorescence-activated cell sorting (FACS). MINCE-seq, which is performed without sorting or synchronization, is able to capture chromatin dynamics behind replication forks in asynchronous cells, because it directly captures newly replicated DNA throughout the genome.
The passage of a replication fork removes all protein components of chromatin including nucleosomes, TFs, and remodelers. However, it is not known how these components reassemble on the genome. Using MINCE-seq, we find that the characteristic rugged nucleosome landscape is flattened genome-wide during replication, which would include both nucleosome gain at NDRs and weakening of strong nucleosome positions. Considering that replication forks pass through a nucleosome in seconds, and we are profiling the chromatin landscape after 10 min of EdU labeling, it is reasonable to suppose that, immediately after replication, the landscape is even flatter and the nucleosome distribution within a population is nearly uniform. This flat landscape post-replication also excludes all other DNA-binding proteins and remodelers. Thus, replicationcoupled nucleosome assembly is so efficient that it outcompetes TFs to form a featureless landscape post-replication. Maturation of the newly replicated landscape involves rearrangement of nucleosomes by TFs to expose binding sites, form the NDR, and achieve the characteristic positions of nucleosomes.
With MINCE-seq maps, we discovered that promoters, which are usually nucleosome depleted, gain nucleosomes during replication. Gene bodies, which usually have ordered nucleosome arrays, feature a uniform nucleosome density during replication. When we disrupted the replication-coupled nucleosome assembly pathway, we observed loss of the uniform nucleosome distribution during replication, both at expressed and non-expressed genes, confirming that MINCE-seq captures the newly replicated chromatin landscape. In vitro, it has been shown that RNAPII cannot initiate from a promoter that contains a nucleosome (Lorch et al., 1987) . Promoters gain nucleosomes right after replication, and hence RNAPII initiation would be inhibited. Nucleosome gain at promoters during replication correlates with promoter enrichment of RNAPII, suggesting that maturation of highly active promoters requires a greater extent of nucleosome depletion from the newly replicated state. Nucleosome gain during replication also correlates with promoter enrichment of TFs. TFs can displace nucleosomes by directly binding motifs in nucleosomal DNA and recruiting remodelers that displace nucleosomes (Tsukiyama et al., 1994) . When we grouped promoters by patterns of nucleosome gain during replication, we observed differential profiles of BRM, the ATP-dependent nucleosome remodeler associated with gene activation . Thus, maturation of the newly replicated promoter landscape could involve the concerted action of TFs and remodelers specific to the cell type to expose the promoter DNA of active genes for binding of basal TFs to re-form the preinitiation complex and recruit RNAPII. In this way, replicationcoupled nucleosome assembly and maturation could maintain cell-type-specific transcription programs in spite of the disruption of chromatin during replication.
Our experiments also provide insights into the dynamics of factor binding at enhancers. The steady-state MINCE-seq profile shows highly specific short fragment (<50-bp) protection at enhancers whose enrichment correlates with enhancer activity. This indicates that we can quantitatively connect protein binding with high resolution at enhancer sites to the functional activity of the enhancers genome-wide. We observed dramatic weakening of short protected fragments at enhancers after replication, which implies that DNA-binding proteins are displaced by passage of the replication fork. Strikingly, broadly active enhancers, which are sites active in more than one cell type, regain DNAbinding proteins after replication at a faster rate compared to the cell-type-specific enhancers. Previous work has shown that broadly active enhancers feature dinucleotide repeat motifs (DRMs), whereas cell-type-specific enhancers feature motifs for specific DNA-binding proteins (Yá ñ ez-Cuna et al., 2014) . The DRMs are nucleosome destabilizing, and hence faster recovery of broadly active enhancers might be due to intrinsic destabilization of nucleosomes. Cell-type-specific enhancers have motifs for TFs that are at low abundance, and these TFs may be less efficient in their competition with newly assembled nucleosomes, resulting in slower recovery of the <50-bp protection at cell-type-specific enhancers post-replication. Thus, enhancers, similar to promoters, show replacement of TFs by nucleosomes behind the replication fork, and the characteristic enhancer chromatin would be regained through competition of TFs with the newly deposited nucleosomes.
Our findings might seem to contradict the observation that nucleosomes are deposited at the same positions within seconds post-replication (Lucchini et al., 2001) . It is important to realize, however, that this study was limited to yeast rDNA repeat units, which is notable for having well-positioned nucleosomes that are completely lost upon transcription (Dammann et al., 1993) . In yeast, many of the rDNA repeat units remain silent (Dammann et al., 1993) , and so we presume that it is the silent nucleosome-containing subset of rDNA repeats that were profiled post-replication. As we also observed little difference between newly replicated and steady-state nucleosome profiles at nonexpressed genes, our results provide confirmation of this original study, although the dynamic behavior that we see at active promoters and enhancers challenges the widely held assumption that nucleosomes pose no obstacle to TF rebinding post-replication (Annunziato, 2015) . Rather, our results demonstrate that nucleosomes occupy active regulatory regions immediately post-replication, likely necessitating competition by TFs and BRM-class remodelers to clear them out.
In conclusion, MINCE-seq maps of both newly replicated and maturing chromatin reveal the genome-wide resetting of the nucleosome landscape during replication-coupled nucleosome assembly. The nucleosome landscape is also defined by histone variants and histone post-translational modifications (PTMs), the levels of which are significantly altered in newly replicated chromatin (Alabert et al., 2015) . Patterns of variants and histone-PTMs on newly replicated DNA might be essential for maintenance of epigenomic states through the cell cycle. Future extensions of MINCE-seq have the potential to map these patterns genome-wide during replication at high spatial and temporal resolution.
EXPERIMENTAL PROCEDURES MINCE-Seq
The MINCE protocol was adapted from (1) a protocol to isolate proteins associated with newly replicated DNA (Sirbu et al., 2012) and (2) a crosslinkingMNase-seq protocol (Skene and Henikoff, 2015) . Drosophila S2 cells were grown in HyClone SFX-Insect media supplemented with 18 mM L-glutamine. To increase the fraction of cells in S-phase, cells were grown to saturation and split into fresh media at a density of 2 3 10 6 cells/ml 20 hr before starting the MINCE protocol (Rizzino and Blumenthal, 1978) . During the time of harvest, $80% of cells are expected to be in S-phase (Rizzino and Blumenthal, 1978) . Cells were labeled with 10 mM EdU for 10 min and rapidly harvested and washed with ice-cold PBS. For a thymidine chase, cells were spun down and resuspended in fresh media with 20 mM thymidine for 1 hr. Cells were crosslinked with 1% formaldehyde for 15 min, quenched with 250 mM glycine for 5 min, and washed three times with PBS. Cells were then permeabilized with 0.25% Triton X-100 in PBS for 30 min at room temperature, washed once with 0.5% BSA in PBS, and resuspended in PBS. Click reagents were added in the following order to the indicated final concentration: biotin TEG-azide (100 mM), sodium ascorbate (10 mM), and CuSO 4 (2 mM) and incubated for 1 hr at room temperature. Cells were washed three times with PBS, resuspended in lysis buffer (1% SDS, 10 mM EDTA, 50 mM Tris-HCl [pH 8.1]), and incubated on ice for 10 min. Dilution buffer (1% Triton X-100, 2 mM EDTA, 150 mM NaCl, 20 mM Tris-HCl [pH 8.1], 3 mM CaCl 2 ) at ten times the volume of lysis buffer was added and mixed well. The lysed cell suspension was sonicated with a Branson digital sonifier with following settings: total on time: 40 s; power: 30%; pulse: 2.5 s on; 5 s off. The lysate was incubated at 37 C for 5 min, and then MNase was added to the lysate. MNase treatment concentrations and time were selected to preserve di-and tri-nucleosomes as visualized by electrophoresing the purified DNA in a 2% agarose gel. MNase reactions were stopped by addition of EGTA to a final concentration of 2 mM, of SDS to a final concentration of 0.9%, and 20 mg of proteinase K (Thermo Fisher Scientific) per ml of the reaction. The lysate was incubated at 65 C for 12 hr to reverse cross-links and degrade proteins. After incubation, phenol-chloroform-isoamyl alcohol (PCI) extraction was performed, and RNase-A was added to the aqueous phase and incubated at 37 C for 30 min. PCI extraction was performed again, and the DNA in the aqueous phase was precipitated using 70% isopropanol, 30 mM sodium acetate, and glycogen at À80 C for at least 30 min followed by centrifugation at 4 C, 16,000 relative centrifugal force (rcf) for 30 min. The DNA pellet was washed with 75% ethanol and resuspended in 0.1 3 TE (10 mM Tris pH [8.0], 1 mM ethylenediaminetetraacetic acid). After reserving an aliquot for input, biotinylated DNA was pulled down using M-280 streptavidin dynabeads (Life Technologies) following the manufacturer's protocol. After washes, the beads were resuspended in 0.1 3 TE followed by addition of SDS to a final concentration of 1% and 20 mg of proteinase K (Thermo Fisher Scientific) per ml of the reaction. The beads were incubated at 65 C for 15 min followed by PCI extraction and DNA precipitation as above. H3-ChIP for tandem H3-MINCE-ChIP was performed as published (Skene and Henikoff, 2015) . Detailed protocols for H3 ChIP, sequencing, and analysis are provided in the Supplemental Information. BG3 cells were obtained from the Drosophila Genomics Resource Center (DGRC Stock #68) and grown in Shields and Sang M3 Insect media (D) Enrichment of <50-bp protected fragments averaged over quartiles of enhancer strength for enhancers that are specific to S2 cells. The strongest, third, second, and weakest quartiles consist of 363, 642, 834, and 918, enhancer sites, respectively. (E) Enrichment of <50-bp protection averaged over quartiles of enhancer strength for broad enhancers, which are active in S2 cells and at least one other cell type (BG3 and ovarian somatic cells [OSCs] ). The strongest, third, second, and weakest quartiles consist of 1,012, 733, 541, and 456 enhancer sites, respectively. All profiles are averages over a 100-bp sliding window. See also Figure S5 . supplemented with 10% FBS, 2.5 g/l Bacto Peptone, 1 g/l yeast extract, and 10 mg/ml insulin. MINCE-seq was performed exactly as above for BG3 cells except that cells in mid-log phase were used for EdU labeling.
To estimate the level of purification of small amounts of biotinylated DNA streptavidin pull-down, we performed a spike-in experiment. We spiked in yeast nucleosomal DNA before the streptavidin pull-down and estimated the depletion of yeast DNA in the pull-down relative to the input. The primers used to track yeast DNA are listed in Table S1 .
RNAi
For double-stranded RNA (dsRNA) treatment, Drosophila S2-DRSC cells (DGRC Stock #181) were used (Weber et al., 2014) . Published dsRNA amplicons for Caf1-105 (Chen et al., 2013) and control GFP (Hamada et al., 2005) were used. dsRNA was added to a final concentration of 10 mg/1 3 10 6 cells in serum-free media, mixed well, and incubated for 30 min at room temperature, followed by supplementation with an equal volume of fresh media and FBS to a final concentration of 10%. After 4 days of dsRNA treatment, cells were treated with 10 mM EdU for 10 min, and the MINCE protocol was performed as above. Sequencing and analysis methods are described in the Supplemental Information.
Classifying Promoter Nucleosome Gain Patterns upon Replication
We generated a control distribution of MNase-seq differences at ±1 positions and NDRs by comparing the input datasets from newly replicated and 1-hr chase experiments ( Figure S2 , black lines). We determined the mean and SD of the control distribution after fitting a normal curve to it. Using this mean and SD, we calculated the Z score of MINCE-seq signals at ±1 and NDR positions for every gene. A Z score higher than +2 was marked as a gain and less than À2 was marked as a loss. These stringent criteria enabled identification of the most deviant patterns of nucleosome gain/loss at ±1 positions and NDRs. For each gene, the ±1 positions and the NDR were each coded as loss, gain, or same, and the genes were sorted to obtain the most significant patterns (Figure 4 ).
External Datasets
Lists of ORC peaks (Lubelsky et al., 2014) and DNase-seq datasets (Kharchenko et al., 2011) used here were part of the modENCODE project. Enrichment profiles of RNAPII were calculated using published 3 0 NT data (Weber et al., 2014) , by normalizing the 3 0 NT reads of each gene by the gene-body signal (3 0 NT reads between TSS+251 and TSS+2000 [or until the TES if it occurs before TSS+2000]). Remodeler ChIP-chip data (Moshkin et al., 2012) were obtained from the GEO: GSE32404. For enhancer sites, we started with published STARR-seq summit positions (Arnold et al., 2013; Yá ñ ez-Cuna et al., 2014) of width 500 bp downloaded from http://starklab.org/data/yanez-cuna_genomeRes_2014/. Within each 500-bp STARR-seq summit, an enhancer site was defined as the peak position of the <50-bp size class in our combined input datasets. If no peak was present in the 500-bp STARR-seq summit, the enhancer site was defined as the center of the 500-bp window of the summit.
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